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Abstract: Cellular membranes and associated proteins
play critical physiological roles in organisms from all life
kingdoms. In many cases, malfunction of biological mem-
branes triggered by changes in the lipid bilayer proper-
ties or membrane protein functional abnormalities lead
to severe diseases. To understand in detail the processes
that govern the life of cells and to control diseases, one
of the major tasks in biological sciences is to learn how
the membrane proteins function. To do so, a variety of
biochemical and biophysical approaches have been used
in molecular studies of membrane protein structure and
function on the nanoscale. This review focuses on elec-
tron paramagnetic resonance with site-directed nitroxide
spin-labeling (SDSL EPR), which is a rapidly expanding
and powerful technique reporting on the local protein/
spin-label dynamics and on large functionally important
structural rearrangements. On the other hand, adequate
to nanoscale study membrane mimetics have been devel-
oped and used in conjunction with SDSL EPR. Primarily,
these mimetics include various liposomes, bicelles, and
nanodiscs. This review provides a basic description of
the EPR methods, continuous-wave and pulse, applied to
spin-labeled proteins, and highlights several representa-
tive applications of EPR to liposome-, bicelle-, or nano-
disc-reconstituted membrane proteins.
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1 Introduction

Biological membranes are fundamental to the existence of
alllife-forms, defining cells, organelles, cargo vesicles, and
other structures. These biomembranes are highly dynamic
lipid bilayer structures that carry tightly regulated protein
nanomachinery of great complexity with a large diver-
sity of functions. They actively participate in the cell life
cycle, performing their activities in association with pro-
teins that either rest on the membrane surface (peripheral
membrane proteins) or reside in the membrane milieu
traversing the membrane (integral membrane proteins).
Therefore, it is unsurprising that membrane proteins are
encoded by a large portion — between 15% and 30% — of
an organism’s genome [1-3]. They play numerous roles in
the central processes of living cells, providing the means
for signaling, trafficking, homeostasis, and other func-
tions [4-9].

Membrane proteins are targets of pharmacological
interest because some of them are associated with dis-
eases such as cancer, neurodegeneration, endocrine dis-
orders, and ischemia [10-17], and others are the targets for
efficient drug delivery [18] or the inhibition of drug efflux
[19]. Their roles in immune response and antibiotic resist-
ance are also germane to the development of antiviral and
antibacterial agents [3, 20]. Therefore, acquiring detailed
knowledge about the structure and function of mem-
brane proteins at the molecular level is of high biomedical
importance.

Several biophysical methods have been used to study
membrane proteins and their roles in healthy organism
physiology and disease processes, and the results have
yielded insights into protein system organization, func-
tion, and structure at various levels of resolution. These
methods primarily include NMR spectroscopy in solution
and solid state, and X-ray crystallography, the primary
tools for revealing structure at the atomic resolution [7,
21-27]. Electron microscopy, with its wide field of view
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and lack of required ensemble measurements other than
class averaging, can typically resolve the overall shapes
of proteins and their larger assemblies, and it is steadily
moving toward even higher nearly atomic level resolu-
tion. Therefore, the technique is well-suited for examin-
ing micro- and nanoscale heterogeneous systems, thereby
allowing the study of membrane protein structure in
native environments [28, 29]. Forster (or fluorescence) res-
onance energy transfer is yet another technique that has
been applied successfully to membrane proteins [30-32].
Fluorescence resonance energy transfer and electron par-
amagnetic resonance (EPR), which are appropriate right
at the nanoscale, next to the atomic-scale techniques, are
highly effective technologies. EPR has rapidly become
a routine method for studying the structure and func-
tion of biomolecules. Site-directed spin-labeling (SDSL)
EPR, which includes continuous-wave EPR (cw-EPR) and
pulse EPR distance measurement, is a particularly power-
ful approach for investigating membrane proteins under
close to native conditions. SDSL EPR provides informa-
tion on protein structure and dynamics and their changes
and the allostery caused by ligand binding, local environ-
ment, or functional mutations [33-57].

Despite the advancements of SDSL EPR to study mem-
brane proteins under the native conditions of cell mem-
branes [58-60], most structural and functional studies of
membrane proteins are conducted in vitro with purified
proteins that are either detergent-solubilized or recon-
stituted into phospholipid-based nanosized membrane
mimetics such as lysophospholipid micelles, bicelles,
nanodiscs, or liposomes. These membrane mimetics
provide, to a varying extent, a native-like environment in
terms of membrane fluidity, lipid specificity, hydrophobic
thickness matching, and other characteristics.

This review outlines the basic concepts of the EPR
techniques applied to nitroxide spin-labeled membrane
proteins. It also briefly describes key properties and use
of lipidic vesicles, bicelles, and nanodiscs (lipodiscs) for
in vitro SDSL EPR studies of membrane proteins, and dis-
cusses several examples of SDSL EPR structure-function
studies of peripheral and transmembrane proteins resid-
ing in lipid bilayers.

2 Basic concepts of nitroxide spin-
labeling and EPR spectroscopy
applied to membrane proteins

EPR spectroscopy applied to spin-labeled membrane
proteins is a powerful technique for studying protein
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dynamics [33-36, 40, 41, 45, 48, 52, 53, 61, 62], self-asso-
ciation and hetero-oligomeric complex formation [37, 39,
51, 57, 58, 63-66], protein location relative to the lipid
bilayer [35, 36, 48, 67], and protein structure and function
in general [38, 41, 43, 45-47, 49, 53, 68-74]. In this review,
only a basic summary of the EPR methods and nitrox-
ide spin-labeling is provided; there are other excellent
sources that can provide more detailed descriptions of
the EPR spectroscopy as biophysical technique and addi-
tional spin labels [40, 52, 62, 75-79].

2.1 Nitroxide spin-labeling

During systematic studies of membrane-bound proteins
with SDSL EPR, paramagnetic reporter groups (spin
labels) are usually introduced through covalent attach-
ment to the cysteine residues of the polypeptide chain
through disulfide or thioester bond formation, as in the
case of MTS-, iodoacetamido- or maleimido-linked nitrox-
ide probes [45, 80] (Figure 1). These cysteine residues may
be endogenous, but they are commonly introduced at spe-
cific positions through site-directed mutagenesis, on the
background of a cysteine-less protein.

In some cases, proteins are expressed, purified,
and spin-labeled in soluble form and then mixed with
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Figure 1: Nitroxide spin-labels commonly used in EPR studies of
proteins. (A) MTS spin-label (MTSSL,S-(1-oxyl-2,2,5,5-tetramethyl-
2,5-dihydro-1H-pyrrol-3-yl)methyl methanesulfonothioate), which
is currently the most widely used spin-label; (B) iodoacetamido-
PROXYL spin-label, (C) maleimido-PROXYL spin-label; (D) MTSSL
attached to a cysteine residue in a protein polypeptide chain

is shown as sticks in red. The side chain of cysteine labeled

with MTSSL was produced using MMM software (Polyhach and
Jeschke).
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membrane mimetic solutions to bind the lipid bilayer
surface [48, 68, 69] or integrate deeply into the bilayer,
usually traversing it [81] (Figure 2A). In vivo, however,
most transmembrane proteins are synthesized and con-
currently inserted and folded into the cellular mem-
branes by specialized cellular machinery [82]. Therefore,
for in vitro studies, these proteins are extracted from the
native membranes through detergent solubilization, and
spin-labeling is performed after protein purification in a
detergent solution. The spin-labeled protein is then recon-
stituted in the lipid bilayer while the detergent is removed
(Figure 2B).

2.2 Continuous-wave EPR

The dynamic properties of a typical “N nitroxide spin
label side chain, which depend on both the intrinsic
mobility of the spin label and the dynamics of the protein
“backbone”, can be assessed with cw-EPR by analyzing
the EPR spectrum lineshape [83]. For a protein bound
to or spanning the lipid membrane, the rate of protein
global tumbling has a correlation time (r) of >10% s,
which may be even slower for local dynamics and is well
beyond the motional range observed with nitroxide spin-
labeling cw-EPR (i.e. 7, =10 "-10"° s; Figure 3A and B).
Therefore, for membrane proteins, most of the changes in
the spin-label side-chain dynamics caused by alterations
in the spin-label local environment, rather than protein
backbone motions [84], can be studied by cw-EPR. These
are the cases in which significant conformational isomeri-
zation may be present — for example, those observed in
proteins with spin labels transitioning from more exposed
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Figure 2: Three cases of protein-membrane association in vitro.

(A) The protein is expressed and folded in soluble form, but in the
presence of lipid membranes it can either bind to the membrane
periphery (left) or transverse the membrane (right). Often binding to
membrane involves large structural rearangenents. (B) The protein
is expressied and folded on the cellular membranes, then it is puri-
fied by detergent solubilization and reconstituted in lipid bilayers
for in vitro functional and structural studies. For EPR studies, in case
(A) the proteins are spin-labeled in buffer solution, whereas in (B)
the proteins are spin-labeled in detergent-bound form.
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Figure 3: The spin label dynamics and local environment can be
monitored by changes in the cw-EPR lineshape. (A) Spin labels intro-
duced in a protein loop regions that are far from the lipid bilayer
have higher motional freedom compared to those of spin labels in
contact with membrane. (B) Simulated cw-EPR spectra with T, of

264 ps, 2.64 ns and 8.35 ns are shown. EPR spectra were simulated
using the MultiComponent software of C. Altenbach. The peak-to-

peakintensities, h ., h and h_,, of the three lines in the nitroxide

spectrum are indicated in the upper panel. The width AH of the
central line in the nitroxide spin label EPR spectrum is shown in the
lower panel. All spectra were scaled to a common value at maximum
intensity for clarity of presentation.

and less confined apo states to more occluded and
motion-restricted states produced after substrate binding
or changes in the local environment [80, 85].

In general, the spin label dynamics in the EPR fast
motional regime (i.e. 7,=10""<107°) can be estimated
from the ratio of peak-to-peak intensities of the first and
second lines (h(ﬂ)/h(o)) in the “N nitroxide cw-EPR spec-
trum (Figure 3B, upper panel) [86, 87]. Another coarse
approach for quantifying spin-label dynamics is based on
the estimated value of the inverse width of the central line
of the nitroxide spin-label EPR spectrum (1/AH parameter;
Figure 3B, lower panel) [88]. Alternatively, the more
comprehensive nonlinear least-squares EPR spectrum
analysis [89] yields the diffusion tensor, R, and ordering
parameters for spin label motion [90]; thus, yielding 7_
and its dependence on local protein structure.

Another potent cw-EPR-based approach to study the
membrane protein structure and function in lipid bilay-
ers relies on solvent accessibility and membrane insertion
depth measurements (Figure 4A). This method is based
on the relaxation enhancement (mainly affecting spin-
lattice relaxation time, T,) produced by paramagnetic
relaxation agents (PRAs) such as oxygen, which partitions



78 —— E.R. Georgieva: Nanoscale lipid membrane mimetics in spin-labeling and EPR spectroscopy studies

A B e
Signal
intensity
S R T L R
3355 3360 3365

Magpnetic field (G)

(o] D IToc Weyoc APy

3 = Argon =15 -o-NiEDDA

= 4-NIEDDA/A| =

% o Ni A/ g > .’.‘. -0-0,

5 510 -9

2 5 [

£ 2 \V/

@ ]

c o 0.5

2 4 <

wl'l‘l'l'l‘l'l'l‘ Frr T orrrrroror
02 46 8101214 Residue N

Square root (P, mW)

Figure 4: The accessibility to a fast relaxing agent, such as

NiEDDA or O, can reveal the topology of a membrane protein.

(A) A schematic representation of cw-EPR accessibility experiment
on membrane protein. Multiple spin-labels are shown to illustrate
the proximity to either oxygen or NiEDDA. The actual experiment is
conducted on multiple singly spin-labeled protein variants (B) The
intensity of central line of N nitroxide label increases as a function
of applied mw power. (C) Typical saturation curves. The colored
circles represent experimental data with and without PRAs. The half
saturation parameter P, is extracted from fittings of the experi-

1/2
mental data. AP, , is the increase of P, , in the presence of PRA

1/2
compared to sample in argon or nitrogen only. (D) Plots of acces-

sibility parameter I1(0,) and IT1(NiEDDA) as a function of spin-labeled
residue position - the residues with greater I1(0,) are in closer
contact with the membrane and vice versa. The accessibilities to
PRAs depend on the collision rate and spin-exchange frequency.

predominantly into the lipid bilayer, and a nickel(II)-N,N1-
ethylenediamine-diacetic acid complex (NiEDDA) present
only in the aqueous solvent [91, 92]. Commonly, the
intensity of the central peak in the EPR spectrum of the
“N nitroxide spin label is measured as a function of the
applied microwave (mw) power (Figure 4B). It increases
with mw power until saturation is reached at sufficiently
high power, i.e. the population difference between the
two EPR energy levels becomes progressively smaller and
spectral line intensity decreases; also, line broadening
occurs in the EPR spectrum. Thus, the maximum EPR line
intensity is observed at certain power levels. The position
of this maximum can be shifted toward higher mw power
through collisions with PRAs, which enhances relaxation
through strong spin exchange.

The efficiency of this process depends on the col-
lision rate and Heisenberg exchange frequency, W_,
proportional to the local PRA concentration. For mem-
brane proteins, the relaxation of spin labels attached
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to residues in solvent-accessible regions is affected by
soluble NiEDDA, whereas molecular oxygen has a much
greater effect on spin labels residing in the membrane
owing to its very high solubility in the hydrophobic core
of the lipid bilayer. Thus, in a typical nitroxide label satu-
ration experiment, the saturation curve (i.e. EPR central
line intensity vs. applied mw power) is measured under
oxygen-free conditions (e.g. in nitrogen or argon), in the
presence of oxygen, and finally under anaerobic condi-
tions (argon, nitrogen) in the presence of NiEDDA (Figure
4C). Then, the half-saturation parameter (P, /2), which
corresponds to the mw power needed to produce an EPR
spectrum intensity half that observed in the absence of
saturation, is determined. The effect of W_on P, P (AP, /2)
allows the determination of the dimensionless parameter
IT (known as the accessibility parameter) for each case
(Figure 5D). Finally, the contrast or membrane depth
parameter, ® — defined as In[I1(0,)/TI(NiEDDA)] - pro-
vides the location of the spin-labeled residue with respect
to the bilayer.

2.3 Pulse EPR distance measurements and
spin counting

At present, the most powerful biophysical EPR method
used in membrane protein structural and functional
biology is based on nanometer-range distance measure-
ments determined with pulsed dipolar EPR spectroscopy
(PDS) applied to doubly spin-labeled (bilabeled) protein
molecules or singly spin-labeled subunits comprising
protein complexes (Figure 6). PDS measures the strength
of the static magnetic dipole-dipole interactions between
the electron spins of interacting spin labels. Typically,
PDS experiments use nitroxide spin labels and are con-
ducted on frozen solutions at cryogenic temperatures
from 50 K to 80 K. To date, the following variants of
PDS have mainly been applied to proteins: three-pulse
double electron-electron resonance (DEER) [93, 94]; four-
pulse DEER [75, 76, 95-97], five-pulse DEER [98], double-
quantum coherence [76, 99, 100], and relaxation-induced
dipolar modulation enhancement [101-105]. Several
other methods have been developed but are rarely used
[106, 107] owing to a range of difficult-to-overcome
shortcomings.

Currently, the most widely used PDS techniques
in biophysical studies is the four-pulse two-frequency
DEER spectroscopy (Figure 5) followed by double-quan-
tum coherence EPR [43, 75-77, 96]. They provide direct
information on the strength (frequency, v,,) of the mag-
netic dipole-dipole interaction between the coupled
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Figure 5: Distance measurements based on the four-pulse DEER
experiment. (A) DEER measures distances between pairs of spin
labels in protein molecules and complexes. Two conformations of
a doubly spin-labeled protein are shown. In frozen solutions the
nitroxide spin labels (and the magnetic tensors of their electron
spins) have different orientations relative to the external mag-
netic field, hence leading to broad EPR spectra due to magnetic
tensors anisotropy. Consequently, two groups of similarly oriented
nitroxides, referred to as “Spins A” and “Spins B” corresponding
to different parts of the EPR spectrum can be selected and their
dipole-dipole interaction determined by using for example a DEER
pulse sequence in order to produce the interspin distance. (B)

The most often used four-pulse DEER sequence is shown. In this
sequence the three “observer” microwave (mw) pulses are applied
to spins A (at mw frequency ,) to form a spin-echo, whereas
spins B (at mw frequency ,) are “pumped” by flipping them with
an additional pulse, which does not affect A-spins directly. The
dipole-dipole coupling between A and B spins is then recorded by
changing the position, t, of the pump pulse relative to the static
“observer” pulses. The resulting characteristic oscillatory pattern
of the amplitude of the spin-echo formed by A-spins gives rise to
the “form-factor”, V(t), that depends on the strength of dipolar
interaction and thereby the distance. (C) Typical time-domain
DEER signals (after background correction) recorded with the DEER
pulse sequence are shown. These signals are, in general, oscilla-
tory decaying signals with the period of “dipolar” oscillation ~r?
(the distance between the spin labels in a protein). For the same
spin-labeled residues, DEER signals reflect the interspin distance
in each protein conformation, giving generally a range of distances.
The modulation depth, A, which depends on the number of inter-
acting spins is shown. (D) The distances reconstructed from the
DEER signals depicted in (C).

electron spins of the spin labels attached to protein mol-
ecules (Figure 5A), hence the distance, because v w—1r
(the period of DEER time-domain signal oscillations ~ r?)
(Figure 5C). The following ratio is often used to deter-
mine the distance: v,, =, /27 =52.04/r’, with measured
v,, €xpressed in megahertz and r is in nanometers. An
important consideration is that the “raw” DEER signal
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Figure 6: Schematic representation of liposomes, bicelles and
nanodiscs used as membrane mimetics in study of membrane
proteins structure and function. The liposome shown here has
two lipid bilayers. Generally, the mutilamellar liposomes consist
of several bilayers, whereas the unilamellar liposomes have

only one bilayer. Bicelles have discoidal shape and are formed
by mixing lipids with long (orange) and short (green) chains.
Nanodiscs are discoidal lipid nanoobjects, which integrity and
shape are supported by a belt of two scaffold proteins illustrated
in green.

obtained for a typical sample is contributed by two
factors: (1) the intramolecular signal of interest, which
contains an inherent constant background, and (2) the
decay of intermolecular origin. The intermolecular con-
tribution has to be factored out and the constant back-
ground in the intramolecular signal is then removed,
thus leaving a pure spin-spin interaction signal (a decay-
ing and generally oscillating time-domain DEER signal
as shown in Figure 5C). This procedure is referred to as
“background correction.” The final time-domain DEER
data (and also data produced using other PDS tech-
niques) are processed into interspin distances and dis-
tance distributions by using software packages based on
Tikhonov regularization or Monte Carlo methods for dis-
tance reconstruction [108-110]. The method of maximum
entropy [111] can be applied to refine distance distribu-
tions obtained with the L-curve Tikhonov regularization
approach [108]. Four-pulse DEER and the rest of PDS
methods are suitable for measuring spin-spin distances
in the range of 1.5 to 8.5 nm [68, 69, 75, 76, 96, 112], with
the potential to go beyond 10 nm [98]. However, the
accessible distance range depends strongly on the spe-
cific system.

Besides distance measurements, DEER can also be
used to assess the number of interacting spins within a
protein complex. This is based on the modulation depth
(A) of the DEER signal, which depends on the number of
interacting spins as A(p, N)=1-(1- p)"-', where p is deter-
mined by the fraction of spins flipped by the pump pulse,
and N is the number of interacting spins in the nano-
object [93, 113-115]. In Figure 6C, A appears as the dipolar
signal amplitude at the evolution time of zero.
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3 Liposomes, bicelles and
nanodiscs as membrane
mimetics

Liposomes are lipidic nano- and micrometer-sized vesi-
cles consisting of a hydrated lipid bilayer (unilamellar
vesicles) or multiple bilayers with onion-like layer mor-
phology (multilamellar vesicles) and filled with aqueous
solution (Figure 6, left) [116]. Unilamellar vesicles, which
are good mimetics of biological membranes, range in
diameter from 20 nm to >1 um and are further classi-
fied as small (20-100 nm), large, (>100 nm), and giant
(>1000 nm - i.e. approximately cell size). Multillamellar
vesicles usually have diameters of >500 nm. The physical
and chemical properties of liposomes have been widely
studied for decades, with large efforts devoted to drug
delivery [116-118]. However, they have also been used
extensively in biochemical and biophysical studies of
membrane proteins [119, 120]. Liposomes have the advan-
tage of being close mimetics of biological membranes
because they can be made of native as well as synthetic
phospholipids, and their size and composition can be con-
trolled. The hydrophobic thickness, fluidity, and lateral
pressure of the bilayer [121] can be adjusted by adding
cholesterol and selecting lipids with suitable headgroups,
polycarbon chain lengths, and degrees of saturation.
Therefore, protein reconstitution in liposomes has been
widely and successfully used to investigate protein-lipid
interactions. Lipid regulation of membrane protein func-
tion, membrane protein structure, protein and lipid lateral
diffusion, and the formation of protein complexes can all
be studied [119, 120].

Bicelles are discoidal lipid bilayered nanostructures
composed of short- and long-chain lipids in molar ratios
that define their morphology [122] (Figure 6, upper right).
Because, unlike liposomes, they lack an aqueous interior,
the lipid bilayer and reconstituted proteins are always
accessible for soluble protein binding or interacting with
ligands. Moreover, these lipid nano-objects provide a true
lipid bilayer environment and hydrophobic matching,
which are central to protein function. First introduced by
Sanders and colleagues [123] as mixtures of 1,2-dimyris-
toyl-sn-glycero-3-phosphocholine (DMPC) and 1,2-dihex-
anoyl-sn-glycero-3-phosphocholine (DHPC), bicelles have
been studied extensively, and a range of bicelle sizes and
lipid compositions have been used in structural studies of
membrane proteins pioneered by NMR spectroscopy [25,
124-126]. Bicelle size can be controlled by changing the
molar ratio of long-chain to short-chain lipids. This ratio
is known as the g value. One known issue with bicelles is
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that their sizes change after dilution in aqueous buffers
because the fraction of the bicelle-bound and free mono-
mers of the short-chain lipid changes owing to the high
critical micelle concentration.

Outside of NMR spectroscopy, bicelles have been used
in the crystallization of membrane proteins [127, 128] and
for transdermal drug delivery [129]. In EPR spectroscopy,
isotropic bicelles with g values of <2.5 (6) are generally
used to ensure uniform distribution and adequate con-
centration; however, their size must be large enough to
accommodate trans- or surface-bound membrane pro-
teins, which require diameters that may reach >10 nm
[66, 68, 69, 130]. Magnetically aligned bicelles of large size
have also been used in EPR [131].

Nanodiscs are discoidal nanosized lipid bilayers that
lack short-chain lipids and are stabilized with a belt of scaf-
fold protein dimer [132, 133] (Figure 6, lower right). Similar
lipid nano-objects, called lipodiscs, are formed by corral-
ling lipids with an annular belt of a copolymer of styrene
and maleic acid taken in a molar ratio of 3:1 [134-136].
The scaffold proteins or polymers reside at the periphery
of the bilayer, where they take the place of short-chain
lipids. Similar to bicelles, nanodiscs are highly soluble in
aqueous buffers but have the advantage of maintaining
their sizes after dilution. Therefore, nanodiscs can be used
in a wide range of concentrations, which makes them con-
veniently applicable to studies of membrane proteins that
use multiple biophysical techniques, including NMR [125,
137], surface plasmon resonance [138], X-ray crystallogra-
phy [139], and electron microscopy [140, 141]. The number
of EPR studies of nanodisc-reconstituted membrane
proteins has grown significantly in recent years [47, 134,
142-145].

EPR spectroscopy of spin-labeled proteins — in par-
ticular, distance measurements based on pulse EPR
methods — benefit from the use of bicelles and nanodiscs
because experiments with much higher sensitivity are
possible owing to the capacity to achieve high concentra-
tions of isolated protein molecules. This is not feasible
with liposome-reconstituted proteins in which the local
concentration is relatively high because of protein con-
finement to the liposome surface that causes crowding.
Furthermore, compared with liposomes, the spin labels in
bicelles and nanodiscs usually have longer phase memory
relaxation times (T ), which allows the recording of pulse
EPR signals to much longer dipolar evolution times (i.e.
much longer interval for stepping-out the pump pulse in
Figure 5B that is the distance between the second and the
third observer pulses), thereby leading to better-resolved
distances and more accurate distance distributions [47, 68,
69, 142]. On the contrary, some studies have shown that
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the lipid dynamics and phase transitions in both bicelles
and nanodiscs/lipodiscs are affected by their finite size
[134, 146]. Thus, an increase in lateral stress in a small
patch of bilayer can affect protein structure and function.

4 Examples of EPR studies of
membrane proteins in liposomes,
bicelles, and nanodiscs

4.1 Structure and function of liposome-
and bicelle-bound peripheral membrane
proteins

Human alpha-synuclein (.S) is a highly abundant protein
in the neurons of the central nervous system that associ-
ates with synaptic vesicles and may have cellular roles in
synaptic vesicle trafficking and neurotransmitter release
[147, 148]. oS has been linked to several neurodegenerative
disorders — for example, oS amyloid deposits are a hall-
mark of Parkinson’s disease [147, 148]. Thus, comprehen-
sive study of the lipid-bound structure of oS is critical to
understanding the physiological role and function of this
protein and may provide insights into the mechanisms
leading to its malfunction. aS contains 140 amino acids
and can be divided into the positively charged N-terminal
domain, uncharged middle region composed of residues
61 to 95 (also called the nonamyloid component, NAC);
and the highly acidic C-terminal domain. Early spectro-
scopic studies have shown that this protein undergoes a
remarkable conformational transformation - from being
unstructured in solution to having a distinct structure
with high helical content when bound to membrane
mimetics [149-151].

In the context of membranes, solution NMR provided
the first high-resolution structure of oS [152], although
it was limited to detergent micelles, which are not fully
representative of the curvature, headgroups, local and
collective dynamics, lateral pressure, and other fea-
tures of lipid bilayers. The NMR structure showed that
the N-terminal domain and NAC region of oS (i.e. resi-
dues 3-92) associated with the detergent by forming a
U-shaped helix interrupted by an ordered linker at resi-
dues 38 to 44, whereas the C-terminal domain remained
free and largely unstructured [152]. This structure was
later confirmed comprehensively with long-range DEER
distance measurements carried out on micelle-bound oS
[153]. Furthermore, significant information on how this
protein interacts with native membrane was obtained
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through several outstanding EPR studies on liposome-
and bicelle-bound spin-labeled oS. These studies used
both cw-EPR and DEER spectroscopy [68, 69, 154-159].
Initially, cw-EPR was applied to elucidate the structure of
membrane-bound oS [154]. EPR spectra of proteins with
single spin-labeled residues spanning the entire sequence
were recorded in their free states in solution and bound
to small unilamellar vesicles composed of a 7: 3 ratio of
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC)
and 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine
(POPS) lipids and average size of 30 to 40 nm. The con-
formational change, which takes place when the proteins
interact with the phospholipid membrane, was detected
with cw-EPR in the N-terminal domain and NAC as evi-
denced by EPR spectral broadening indicative of much
slower protein and spin label dynamics, whereas only
minor spectral changes were noticed for the highly acidic
C-terminal domain [154].

In the same study, the secondary structure of the mem-
brane-associated region of aS was determined by measur-
ing the cw-EPR spectra mw power saturation of spin labels
placed at various spin label sites, which granted access
to the strong relaxing agents oxygen and NiEDDA. The
respective accessibility parameters, I1(0,) and ITI(NiEDDA)
[36], showed periodic patterns characteristic of an alpha-
helix. The narrow range of contrast parameter (®) values
obtained for the residues on the same side of the helix
(Figure 7) and the ratio of the ® values of the protein to
those of the spin-labeled lipids suggested that oS residues
do not reach the membrane hydrophobic core but rather
associate with the membrane surface and form an amphi-
pathic helix. Furthermore, the results showed that the
residues, which are in contact with the membrane, par-
ticipate in hydrophobic and possibly electrostatic interac-
tions with negatively charged lipid headgroups [154, 155].
Importantly, the residues in the linker region — i.e. resi-
dues 42-44, were significantly more ordered than would
be expected in the micelle-bound structure, which sug-
gested that the structure of this region might also tend to
be helical [154].

Unambiguous support for this prediction and the first
direct experimental evidence that micelle- and membrane-
bound structures of oS have vastly different spatial organi-
zations was obtained with DEER studies of wild-type oS
and its mutants implicated in familial forms of Parkinson’s
disease [68, 69] (Figure 8). These studies used unilamel-
lar vesicles and isotropic bicelles with a high content of
negatively charged phospholipids (liposomes of either
POPC/POPA (1-palmitoyl-2-oleoyl-sn-glycero-3-phosphate)
or DMPC/DMPG, and bicelles of DMPC/DMPG/DHPC with
a g value of 2.6). A series of DEER measurements of doubly
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Figure 7: Secondary structure and topology of R1-labeled
o-synuclein. (A) The ratios of the O, and NiEDDA accessibilities are
summarized by the contrast parameter ®. High ® values indicate
lipid-exposed sites (red) whereas low @ values indicate solvent-
exposed sites (green). The dashed line indicates the best fit to a
cosine function resulting in a periodicity of 3.67 aa per turn. (B)
When residues are plotted on a helical wheel with a periodicity of
3.67 aa per turn, lipid-exposed sites (red) are on one side whereas
solvent-exposed sites (green) lie on the opposite side. White
circles denote residues with @ values that are neither maxima nor
minima. The figure was reprinted from Jao CC, Der-Sarkissian A,
Chen J, Langen R. Proc. Natl. Acad. Sci. USA. 2004, 101, 8331-8336.
Copyright (2004) National Academy of Sciences, USA, and the kind
agreement of Dr. Ralf Langen.

spin-labeled oS mutants covering distances ranging from
~2nm to nearly 9 nm established that oS and its mutants
adopt an extended helix conformation when bound to lipid
membranes if the surface area can accommodate a helix
longer than 90 amino acids [68, 69]. Importantly, the pro-
tein-to-lipid molar ratios were optimized for liposomes and
bicelles in these studies to ensure correct assignment of the
intermolecular distances. Thus, in the case of liposomes,
the lipid-to-protein molar ratio was 1:1000 or greater to
minimize lateral contacts (nonspecific aggregation), and
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in the case of bicelles, the ratio was selected to ensure an
average of no more than one protein molecule per bicelle.
Furthermore, deuterated lipids (DMPC-d,_/DMPG-d,,) and
70% deuterated protein mutants were used to allow the
measurement of long distances of up to 8.5 nm. This study
was the first to use deuterated membrane proteins (and
proteins in general) for long-distance measurements with
DEER.

Several other EPR-based studies have helped illumi-
nate aS-membrane interactions. The results showed that
the straight extended helix is not the only aS structure
observed on lipid membranes. A U-shaped conformation
[156] similar to that found in NMR studies of micelles [152]
is also observed. In addition, oS forms aggregates of mon-
omers in broken helix conformations on lipid membranes
[157]. Overall, these nanoscale EPR studies with lipid vesi-
cles and isotropic bicelles have established that oS adopts
multiple membrane-associated conformations, and this
structural plasticity is now believed to be a prerequisite
for supporting its physiological functions.

Recently, the structure of the microtubule-binding
domain of human tau protein was thoroughly character-
ized with liposomes in the same type of pulse/cw-EPR
study [48] that proved so successful for aS. cw-EPR acces-
sibility scans provided structural information at the
secondary structure level, whereas long-range distance
measurements obtained with DEER reported on the ter-
tiary structure of tau at the membrane surface. The results
showed that, upon interaction with the membrane surface,
microtubule-binding domain folds into short amphipathic
helices connected by relatively flexible linkers. No tau
aggregation was detected under these experimental con-
ditions, however. This study was one of the first to inves-
tigate the interaction of tau and biological membranes. It
was shown that tau undergoes a considerable structural
transition from a disordered state in solution to a highly
folded state in lipid. Although the primary role of tau is
microtubule binding and stabilizing [160, 161], it also inter-
acts with biological membranes in the cell [162]. Other
in vitro studies have indicated the possibility of tau mis-
folding and aggregation on lipid bilayers [163]. Therefore,
understanding tau-lipid interactions might be key to eluci-
dating its physiological functions and the mechanisms of
tau misfolding that lead to neurodegeneration [164].

4.2 Structure and function of membrane
transporters in liposomes and nanodiscs

During the last decade, EPR spectroscopy has been
applied extensively to the study of membrane transporter
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Figure 8: DEER-derived distances suggest single-extended helix conformation of lipid-bound oS (Ref. 68 and 69). (A) Cartoon of micelle-
bound oS determined by NMR (PDB 1XQ8). Shown are the approximate positions of spin-labeled oS residues used for DEER distance
measurement in wt protein and familial Parkinson’s disease (PD) mutants (A30P, E46K, A53T). (B) The DEER-derived distances for liposome-
bound multiple double spin-labeled mutants in wt oS agree well with those expected for an extended alpha helix, but not the U-shaped
conformation. The distances between the residues within the same segment of the broken helix are shown in black while those between
different segments are in blue. Similar distances were measured in context of bicelles, and for all oS variants (wt and PD mutants). (C) The
background-corrected DEER time-domain data (black) and reconstructed distances (magenta) for spin-labeled-residues 24C/83C in wt oS

and A53T mutant. Very long distances of up to ca. 9 nm were obtained.

and channel structures and functions under native-like
conditions in a lipid bilayer [33, 38, 39, 41, 46, 49, 57, 59, 66,
70, 72, 73, 85, 130, 143, 145]. Two EPR studies of membrane
transporters — namely, the sodium/aspartate symporter
Glt,, [57 165] residing in liposomes and the multidrug
transporter LmrP inserted into nanodiscs [145] — are high-
lighted here.

The homotrimeric integral membrane protein Glt,, is
a homolog of mammalian plasma membrane glutamate
transporters. For more than a decade, Glt, has been a
major source of transporter structural information pro-
vided primarily by X-ray crystallographic studies in deter-
gent micelles, which are typically used with this class of
proteins [32, 166-169]. Each protomer in Glt, comprises a
stable trimerization domain and a highly dynamic trans-
port domain, which harbors the substrate-binding site
and isomerizes between outward- and inward-facing con-
formations [167, 168]. The first insights into the mode of
structure-function coupling for this transporter in solution
and, most importantly, in lipid membranes were provided

through EPR spectroscopy studies [57, 165, 170]. An exten-
sive DEER study of 10 spin-labeled Glt, mutants showed
that protomers within the Glt, trimer adopt outward
and inward conformations with almost equal probability
under both ligand and nonligand conditions, although
the binding of substrate or inhibitor slightly favors the
outwardly open state (open to the periplasm) (Figure 9)
[57]. This study concluded that these global Glt,, confor-
mations have similar energies and independently func-
tioning subunits, and these findings were buttressed by
an independent DEER study of the same protein that used
different spin-labeled positions and a DOPE/DOPC/DOPG
[1,2-dioleoyl-sn-glycero-3-phosphoethanolamine/1,2-
dioleoyl-sn-glycero-3-phosphocholine/1,2-dioleoyl-sn-
glycero-3-phospho-(1"-rac-glycerol)] lipid environment
[165]. Both studies were extremely challenging in that
they pushed the limits of measurable distances with the
DEER method in large membrane-residing proteins. Thus,
distances greater than 6 nm were measured. Importantly,
the capacity of DEER to study proteins under near-native
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Figure 9: In detergent solution and in lipid membranes GltPh protomers occupy outward and inward facing conformations with almost
equal probability (Ref. 57). (A) Glt,, homotrimer in outward (PDB 2NWX) and inward (PDB 3KB() facing states is shown. Indicated are the
position of residue 290 (green) and 378 (magenta) used for spin-labeling and expected Cﬁ-CB distances based on crystal structures. (B)
DEER-derived distances for spin-labeled residue 290C in detergent (left) and in POPC lipid (right) are shown. Broad distance distributions
covering distances expected for both outward and inward facing state were obtained. (C) Experimental distance distributions were fitted
to a sum of three Gaussians whose weights are defined by the probability of a protomer to occupy outward, inward, or mixed (inward

and -outward) state; thus the populations of the two global conformations (i.e. these open to periplasm or cytoplasm) were determined
- as demonstrated for the residue 378C in the case of lipid. (D) Based on these analyses, it was established that Glt,, protomers sample

outward and inward facing conformations with almost equal probability regardless of the presence of substrate (Na*/Asp) or inhibitor

(Na*/TBOA).

conditions and the unique DEER-based findings of these
studies made considerable contributions to the concept of
a novel functional mechanism — referred to as an “eleva-
tor” mechanism — for membrane transporters [171].

DEER spectroscopy has been used to study proteins in
nanodiscs as well. LmrP, a multidrug transporter belong-
ing to the major facilitator superfamily that uses proton
translocation down a transmembrane gradient to power
the transport of structurally dissimilar substrates, has
recently been studied with this technique [145]. Inter-
spin distances in several doubly spin-labeled mutants of
LmrP monomers located on the extracellular or intracel-
lular ends of transmembrane helices involved in substrate
translocation were measured under various ligand and pH
conditions (pH 4.5-8.5) as well as in bilayers with various
lipid compositions.

The studies found that the binding of substrate with
transporters reconstituted in nanodiscs of Escherichia
coli polar lipids favors the outward-facing conforma-
tion over the entire pH range. This conformational dis-
tribution differs from that in detergent (Figure 10), thus
highlighting the importance of the lipid environment. To
further detail the functional role of lipids, spin-labeled

LmrP mutants were reconstituted in nanodiscs made of
lipids with various polycarbon chains or headgroups,
and particularly the methylation state of DOPE. Although
the influence of polycarbon chains on the DEER-derived
distance distributions was marginal, the degree of DOPE
methylation had a strong pH-dependent effect on this dis-
tribution and, in turn, on the population of outward- and
inward-facing states. DOPE methylation thus stabilized
the outward-open conformation, particularly at high pH.
Cardiolipin also had a pronounced effect on LmrP con-
formational states. Collectively, the findings from this
study suggest a key role for protein-lipid interactions in
the regulation of the ion- and substrate-dependent con-
formational dynamics of the LmrP transporter, and these
interactions may be relevant to other secondary transport-
ers as well [145].

4.3 Assembly of membrane proteins
in liposomes

Understanding the assembly mechanisms of functional
oligomeric membrane proteins in the lipid bilayer is an
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Figure 10: DEER distance distributions of the 160R1-310R1 and the 137R1-349R1 pairs, used as extracellular (left) and cytoplasmic (right)
reporters, respectively, in the multidrug transporter LmrP. Top, mutants reconstituted in E. coli polar lipid nanodiscs, at pH values ranging
from pH 5 to pH 8.5 in 0.5-unit increments. Bottom, mutants in detergent micelles, at pH values ranging from pH 4.5 to pH 8 in 0.5-unit
increments. Asterisks denote peaks resulting from partial aggregation observed in some samples after concentration. Reprinted by permis-
sion from Macmillan Publishers Ltd: [Nat Struct Mol Biol] (Martens C, Stein RA, Masureel M, Roth A, Mishra S, Dawaliby R, Konijnenberg A,
Sobott F, Govaerts C, McHaourab HS. Nat. Struct. Mol. Biol. 2016, 23, 744-751), copyright (2016) and the kind agreement of Dr. Hassane
Mchaourab. In this figure R1 denotes the cysteine residue with disulfide-linked MTSSL.

important goal in biology. Achieving this goal is rather
challenging, however, owing to the limitations of avail-
able biophysical and biochemical experimental methods.
In this respect, DEER spectroscopy is a particularly useful
technique because it can assess protein complex forma-
tion regardless of subunit or whole-protein size. Typi-
cally, protein subunits residing in lipid bilayers are singly
spin-labeled to determine their complex formation, a
method that relies on so-called spin-counting based on
the DEER modulation depth (A), which depends on the
number of interacting spins in the nano-object (see Pulse
EPR distance measurements and spin counting) [113-115].
Thus, sufficiently separated singly labeled monomers
produce no distinct DEER signal, but nanometer-sized
dimers and higher-order oligomers give rise to distinct
DEER signals with A values that increase with increases in
oligomerization order.

This advantage of DEER spectroscopy was used to
assess the pH-dependent dimerization of an NhaA Na*/
H* antiporter of Escherichia coli in proteoliposomes [37].
The observed increase in DEER modulation depth after

pH increase from 5.8 to 8 indicated that the functional
form of NhaA is a dimer. DEER measurements were
also performed on singly spin-labeled synaptobrevin
in liposomes, which established that the protein had a
predominantly dimeric state [65]. DEER experiments on
colicin A monomers inserted into liposomes and intact
E. coli cells demonstrated that protein self-assembly
occurs on the membrane, thereby advancing knowledge
of the functional state of this toxin [58]. DEER spectros-
copy was also used to study the oligomer formation of
liposome-bound Bax protein, which plays a central role
in the mitochondrial pathway of apoptosis [63]. The
observed DEER signals showed that on membranes, the
pore-forming active Bax assembles into dimers. Recently,
DEER data were used to characterize Snf7, a subunit of
the ESCRT-III complex that is active in remodeling mem-
branes in higher organisms through a mechanism that
uses protofilaments formed on the liposome surface
[172]. The results showed that Snf7 assembles into spi-
raling, membrane-sculpting filaments that are scaf-
folds with ~30 A lattice periods produced through the
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stacking of Snf7 units in open conformation representing
the active state of this protein.

Spin-counting based on DEER modulation depth was
used recently to characterize in detail the assembly path of
the transmembrane domain of protein M2 from influenza
A virus [51, 56]. M2 forms tetramers (Figure 11A), which
function as proton channels in the acidic environment
of host cell endosomes [173]. The peptide M2TMD,, ,, the
core of M2, was spin-labeled for DEER measurements at
position L46C and reconstituted in DOPC/POPS (1-palmi-
toyl-2-oleoyl-sn-glycero-3-phospho-L-serine) multilamel-
lar liposomes at peptide-to-lipid molar ratios ranging
broadly from 1:18,800 to 1:160 (Figure 11B). The results
showed that increases in A do not correspond to a simple
monomer-to-tetramer assembly; instead, tetramer forma-
tion is preceded by a stable intermediate dimer forma-
tion (Figure 11C). The outcome was similar at pH 5.5, in
which the proton channel is activated, and at pH 8, in
which the channel is in a resting state. Thus, a cascade
mechanism -that is, monomer <> dimer <> tetramer -
was proposed for this protein assembly in lipid environ-
ments [51]. The extracted equilibrium constants for the
monomer <> dimer and dimer <> tetramer transforma-
tions suggested a much stronger dimer intermediate and
a weaker tetramer.

The study also showed that in thinner membranes of
1,2-dilauroyl-sn-glycero-3-phosphocholine/1,2-dilauroyl-
sn-glycero-3-phospho-L-serine, in which the hydrophobic
thickness does not match the length of the M2TMD helix,
M2TMD,, ,, assembles much less efficiently, most likely as
a result of hydrophobic mismatch energy penalties [56].
Importantly, for samples with the same peptide-to-lipid
molar ratio, increased A’s were observed upon binding
of the anti-influenza drug amantadine at pH 5.5 [56]. The
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equilibrium analysis showed that the tetramer species
become much more stable in the presence of amantadine
compared with nonamantadine conditions. These exten-
sive studies on M2TMD,, ,, assembly under various pH,
lipid, and drug conditions [51, 56] are excellent demon-
strations of the capacity of the DEER method in studies
of complex membrane protein assemblies and conforma-

tional equilibria in near-native environments.

5 Conclusions

Coupling advanced lipid nanotechnologies with SDSL EPR
spectroscopy is a powerful approach to study functional
mechanisms of membrane proteins at the molecular level
under native-like conditions. Modern EPR spectroscopy,
particularly its advanced pulsed versions, has developed
approaches to meet the needs of membrane structural and
functional biology, leading to an explosive growth and
great diversity of biophysical applications. Importantly,
EPR could be applied to a wide range of membrane protein
systems in a variety of environments. Virtually no restric-
tions are imposed on the protein size and lipid membrane
morphology.

This short review outlines the properties of several
nanostructured membrane mimetics widely used as mem-
brane protein hosts for in vitro studies, and it provides the
basic concepts of nitroxide spin-labeling and the most
used EPR techniques. The featured examples are among
many recent successful studies of membrane proteins,
demonstrating the great capacity of lipid nanotechnolo-
gies and EPR spectroscopy to uncover important physi-
ological properties of proteins and their disease-linked
abnormalities.
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Figure 11: M2 transmembrane domain assembles via a dimer intermediate (Ref. [51]). (A) Tetramer of M2 transmembrane helices at pH 5.5.
L46C residue was spin-labeled for DEER study. (B) Background-corrected DEER signals for peptide-to-lipid molar ratios (P/L) ranging from
1:160 to 1:18,800. The DEER modulation depth strongly depends on P/L in the range from 1: 18,800 to 1:160. Higher order oligomers are
progressively more populated as P/L increases. Only selected data are shown for clarity. (C) The fitting of DEER modulation depth values
for multiple P/Ls revealed a cascade mechanism of M2TMD assembly, that is monomer(M) <> dimer(D) <> teramer(T). The equilibrium
constants for the 2M <> D and 2D <> T were obtained. In the figure, C, C, and C, are the concentrations of monomer, dimer and tetramer,
respectively. All data shown are at pH 5.5.
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